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Summary

The distribution of nitrogen-fixing microorganisms in
the Chesapeake Bay was investigated using finger-
prints from a nifH microarray comprised of 706 60-mer
oligonucleotide nifH probes representing cultivated
organisms and environmental clones from different
nifH clusters. Diverse nifH targets, amplified from
samples using degenerate nifH primers, were detected
in water column and sediment samples collected in
April and October, 2001–2002. Total nifH richness and
diversity (Simpson’s and Shannon indices) were
highest at the most riverine, oligohaline North Bay
station. In most samples, the highest diversity was in
nifH Cluster 3, which includes many anaerobes, while
Cluster 1 (a-, b- g- Proteobacteria, Cyanobacteria)
targets had the greatest microarray signal intensities.
In a multidimensional scaling analysis, deep water
communities from April and October were similar
within each of the sampling sites, while the surface
communities had more variability. Diazotroph commu-
nities in the water column in the North Bay were dis-
tinct from the Mid- and South Bay communities, and
there was a gradual change in sediment diazotroph
assemblages from the North to the South Bay. Diaz-
otrophic assemblages from the majority of the water
column samples from the Mid- and South Bay clus-
tered with the sediment assemblage in Mid-Bay. Dis-

solved inorganic nitrogen, salinity, dissolved organic
carbon and dissolved organic phosphorus had a sig-
nificant relationship with the diazotrophic bacteri-
oplankton community. Higher diversity in the
freshwater end of the system may reflect variability in
disturbance rates and environmental conditions such
as forms and concentrations of organic matter, nutri-
ents and oxygen.

Introduction

The theoretical underpinnings of microbial biogeography
are currently under debate (Martiny et al., 2006). One
hypothesis suggests that all microbial communities are
globally distributed and variability in observed distribution
patterns merely reflects short-term local environmental
forcing and selection. To advance our understanding of
how microbial biogeography is controlled in aquatic envi-
ronments, more environmental data are needed on the
distributions of different microbial taxa and functional
groups. For example, little is known about how nitrogen-
fixing microorganisms are distributed along environmental
gradients in aquatic environments.

Traditionally the freshwater, estuarine and oceanic bac-
terioplankton have been treated as a ‘black box’ where
bulk measurements on growth, carbon uptake, and respi-
ration of communities have been measured (Fuhrman,
2002). Recently, microbial community analysis fingerprint-
ing techniques have emerged that are based on the
‘operational taxonomic unit’-related groups of sequences
(that may include more than one taxon) that are differen-
tiated by melting profiles [denaturing gradient gel electro-
phoresis (DGGE) and temperature gradient gel
electrophoresis], terminal restriction fragment length of
16S rRNA genes, or 16S-23S ITS regions using auto-
mated ribosomal intergenic spacer analysis (ARISA).
These approaches have revealed that spatio-temporal
variability in bacterioplankton community composition
exists in aquatic ecosystems (Fisher et al., 2000; Lind-
ström, 2000; Crump et al., 2004; Hewson and Fuhrman,
2004). Further studies utilizing fluorescence in situ hybrid-
ization (FISH) have shown that bacterial community struc-
ture can be highly variable over time and space
(Heidelberg et al., 2002; Kirchman et al., 2005). As most
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of these community studies have relied on 16S rRNA
gene sequence diversity, investigations usually focus on
the overall prokaryotic community structure. The distribu-
tions of functional groups, such as the presence and
absence of microbes harbouring certain functional genes,
have rarely been investigated (e.g. Francis et al., 2003).

Nitrogen fixation, the incorporation of atmospheric N2

into biologically available forms by some prokaryotes
(termed diazotrophs), is an important process controlling
N availability in aquatic ecosystems (Vitousek et al.,
2002). The genes required for this process are found in
phylogenetically distantly related organisms such as the
Bacteria and Archaea. One protein component of the
nitrogenase enzyme that catalyses the N2 fixation reaction
is encoded by the nifH gene. Gene conservation and
general congruence of tree topology between 16S rRNA
gene and nifH phylogeny suggests primarily a monophyl-
etic origin (Zehr et al., 2003), and consequently nifH has
been widely used in phylogenetic analyses. Primary pro-
ductivity in marine environments is often considered N
limited, and N2 fixation is an important process in the open
ocean water column (Karl et al., 2002). In freshwaters,
often considered to be phosphorus limited, N2 fixation is
common and seasonally driven by fluctuations in nitrogen
and phosphorus availabilities and light among other
factors (Havens et al., 2003). In contrast to open ocean
and freshwater ecosystems, N2 fixation is rarely detected
in estuaries, but is found in a few brackish coastal seas
and lagoons (Baltic Sea, Australian estuaries). Several
hypotheses have been suggested to explain the lack of
estuarine N2 fixation (Howarth et al., 1988), but multiple
factors probably play a role (Marino et al., 2002).

Prior studies showed that despite the absence or low
rates of N2 fixation, a diverse community of microorgan-
isms containing the nifH gene is present in Chesapeake
Bay, a large estuarine ecosystem in the United States east
coast (Burns et al., 2002; Jenkins et al., 2004; Short et al.,
2004; Steward et al., 2004). Two nifH genotypes in the
system had different spatio-temporal distributions, sug-
gesting these microorganisms occupy different niches, or
originate from different sources (Short et al., 2004). Con-
sistent with low rates of N2 fixation, only two of the several
hundred sequences from the system were expressed
(Short and Zehr, 2007). The goal of the present study was
to further characterize spatio-temporal distributions of nifH-
containing microorganisms in the Bay, and to relate the
variability in community composition to environmental con-
ditions. This work was facilitated by development of a nifH
oligonucleotide microarray with a high number of probes
selected to represent the overall diversity in the nifH phy-
logenetic tree. Although the attachment chemistry and
probe design in the microarray are identical to an earlier
nifH microarray (Moisander et al., 2006), the number of
nifH probes has increased from 96 to 706. Probes include

sequences from cultivated Bacteria andArchaea, while the
majority of the probes represent sequences from unculti-
vated organisms found in various environments, including
the open ocean, deep sea vents, estuaries (including a
significant number of sequences originating from the
Chesapeake Bay), marine microbial mats, wetlands, lakes
and soils. The increased number of probes on the array
was necessary because environmental sequencing con-
tinues to reveal novel nifH sequence types. In the future, it
is likely that even more probes will be necessary to
adequately represent the emerging nifH diversity.

In spite of the challenges such as the need for target
amplification (sensitivity), potential for cross hybridization
(specificity) and uncertainty in the degree of target quan-
tification (Zhou and Thompson, 2002), functional gene
microarrays have proven to be a useful tool in fingerprint-
ing environmental microbial communities (Loy et al.,
2002; Bodrossy et al., 2003; Taroncher-Oldenburg et al.,
2003; Panicker et al., 2004; Moisander et al., 2006). The
use of functional gene arrays to characterize spatio-
temporal distributions of aquatic microbial communities
has been very limited. We describe the use of a nifH
microarray as a community fingerprinting method to char-
acterize the spatio-temporal distributions of many aquatic
diazotrophs. As the microarray targets only groups of
prokaryotes that harbour the nifH gene, this study pro-
vides valuable information on distribution patterns of
microbial populations along the estuarine gradient at a
functional group level not revealed by 16S rRNA studies.
An additional goal was to investigate the distribution and
significance of the non-functional or rarely expressed nifH
sequences found in marine environments.

Results

Several trends were evident in the water chemistry data
(Table S2). CB1 (Fig. 1) was fresh in April, but in October
it had a salinity of > 8.6 similar to CB2 and CB3 in April
and October. CB1 consistently had higher NO3

– and NH4
+

concentrations (10–400-fold) compared with the other
sites, which is typical in this estuary (Cowan and Boynton,
1996; Smith and Kemp, 2003). Chlorophyll a (Chl a)
varied spatially during April and October samplings. In
October, Chl a decreased from CB1 to CB3, while in April,
CB1 had the lowest Chl a concentrations. Principal com-
ponent analysis (PCA) revealed that three components
explained 78% of the variation in the water chemistry data
(Fig. 2). Principal component analysis revealed that
CB104S (station CB1, April, surface) and CB104D
(station CB1, April, deep) were most positively correlated
with NH4

+, NO3
– and total dissolved nitrogen (TDN), par-

ticulate carbon (PC) : particulate nitrogen (PN), and nega-
tively correlated with salinity (Fig. 2). Most of the October
samples grouped along the axis of the second compo-
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nent, showing a stronger positive relationship with phos-
phorus (total dissolved phosphorus and orthophosphate)
than the other sites. The April water samples from CB2
and CB3 had stronger positive correlation with the third
component, suggesting a relationship with particulate
nitrogen and Chl a.

Data from microarray signal intensity and phylogenetic
distribution of hybridization patterns indicate spatial differ-
ences between communities that temporally remained
more constant. When the number of probes hybridizing to
target was used as an indicator of the number of taxa
present, CB1 had the highest diazotroph richness of the
three stations in all phylogenetic groups (Table 1, Figs 3
and 4). Both diversity index estimators indicated that

diversity was always highest at CB1, regardless of sam-
pling month and depth, and whether the sample was from
sediment or water column. In comparisons of means
(sampling times pooled within each station), Simpson’s
index at CB1 was significantly different from CB2
(P = 0.013) and CB3 (P = 0.027) (one-way ANOVA, Bon-
ferroni post hoc tests, n = 5), while CB2 and CB3 were not
different. In comparisons of means there was a borderline
significant difference in Shannon index between CB1 and

Fig. 1. Map of Chesapeake Bay with the sampling stations
indicated.
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Fig. 2. Factor scores for each sample from a principal component
analysis on environmental variables at the study sites. The first
three components shown explained 78% of the variability in the
physical-chemical data. Samples that clustered based on sampling
month have been highlighted by a rectangle. The labels read as
follows: Station CB1 April surface, 104S; Station CB2 October
deep, 210D, etc.

Table 1. Distribution of different phylogenetic groups at the study
stations.

Probe (no. of probes) CB1 CB2 CB3

a-Proteobacteria (31) 6 5 6
Archae (13) 0 0 0
b-Proteobacteria (8) 4 3 4
Chlorobia (2) 0 0 0
Cluster 1 (80) 44 18 32
Cluster 2 (8) 0 0 0
Cluster 3 (192) 50 34 36
Cyanobacteria (49) 6 4 8
d-Proteobacteria (12) 6 6 5
e-Proteobacteria (2) 0 0 0
Firmicutes (18) 0 0 1
g-Proteobacteria (48) 9 8 5
Nitrospira (1) 0 0 0
Spirochaeta (7) 1 0 1
Undetermined (9) 4 1 2
Total (480) 130 79 100

The values indicate how many probes detected target at each station
(including water column and sediment at all sampling times) when
only probes with < 90% similarity were included.
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CB2 (P = 0.072 in ANOVA, P = 0.098 Bonferroni post hoc
test) when samples were pooled for each station. With
the exception of October surface water, evenness was
highest at CB1 during individual sampling months;
however, in comparisons of means, evenness was not
significantly different among stations (one-way ANOVA).

The phylogenetic distribution of microarray signals was
also investigated. The majority of probes that detected
target in the water column samples belong to Cluster 3, a
sequence group containing many anaerobes, including
d-Protebacteria and Firmicutes (described in detail in Zehr
et al., 2003) (Table 1, Fig. 4). Almost as many Cluster 1
probes detected target (Table 1, Fig. 4). Cluster 1 is com-
posed of a-, b- and g-Proteobacteria, and Cyanobacteria
(Zehr et al., 2003). To further evaluate the phylogenetic
distributions of the dominant array signal, a phylogenetic
tree was constructed with the five highest signal probes
from each sample (Fig. 5). Two probes, both originally
sequenced from CB3 (AY224008 and AY224020), were
among the five highest signal probes in more than eight
samples. AY224008 was detected in each water column
and sediment sample taken from CB2 and CB3, while
AY224020 was detected in all other samples from CB2
and CB3 except surface water in October (Fig. 5). Neither
was among the highest signals at CB1. Both of these
probes group within Cluster 1 but represent sequences
deeply branched from any known cultivated repre-
sentatives. Several other Cluster 1 probes detected high
abundances of target only at CB1 or surface at
CB2 (AY223928, AY223938, AY223920, AY223948).
Sequences for all of these probes were originally cloned
from CB1. Some probes with the strong hybridization
signals fell in Cluster 3 and included probes from North
Carolina and Baja California microbial mats, Mono Lake,
a deep sea hydrothermal vent, and a probe for a
sequence closely related with Desulfovibrio vulgaris
(Fig. 5). These probes had high signal only in CB1
sediments. At CB210S and CB210D (CB2, October,
surface and deep) the single high cyanobacterial probe
signal was from a Neuse River Estuary clone NR1629
(AY035513), which clusters with non-heterocystous
cyanobacteria. The same Neuse River probe detected
target at CB310S, where additionally Lyngbya spp., two
Phormidium spp., and several cyanobacterial microbial
mat probes from Baja California detected target. A
recently discovered oceanic sequence, the unicellular
cyanobacterial group A (Zehr et al., 2001), was also
detected at low signal intensities at CB304S and CB310S.

Probes for the cultivated a-Proteobacteria Azospirillum
brasilense, Xanthobacter flavus, Bradyrhizobium sp. and
Rhodoblastus acidophilus detected target at all stations,
at varying signal intensities. Methylosinus parvus and
Methylosinus sporium probes detected target in all
samples. Other high intensity a-Proteobacterial probe
signals were from uncultivated organisms originating from
the Chesapeake Bay, Spartina alterniflora-associated salt
marsh environment, fungal spore endosymbionts, and the
North Pacific Ocean water column. A probe for an
a-Proteobacterial forest soil nifH sequence (AF315427)
detected target. For several a-Proteobacterial probes,

Fig. 3. Diversity index estimators for the microarray data.
Proportion of the total signal was used for each probe that had a
signal higher than background, defined as > 7% of maximum signal
(Moisander et al., 2006). Only probes that had an identity of < 90%
from any other probe on the array were included.
A. Shannon diversity index (H).
B. Simpson’s diversity index (D).
C. Evenness (E) calculated using the Simpson’s diversity index.
Sampling times are indicated as follows: April surface, 04S;
October deep, 10D, etc.
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highest signal intensities in the water column were at CB1
and lowest intensities at CB2.

Signals from b-Proteobacterial probes Derxia gummosa,
Herbaspirillum seropedicae and Burkholderia tropica were
detected in all samples. Several b-Proteobacterial probes
had highest signal intensities in the water column at the
North Bay station. Azoarcus indigens and Dechloromonas
sp. were found at high abundances at both deep and
surface water at CB1, but were not detected or were
present at lower abundances in other samples. In addition,
five environmental b-Proteobacterial probes had high
signals in all of the four water column samples taken from
CB1 but abundances were much lower or signal was

absent at the other sites. Several environmental Cluster 1
clones had this same pattern (Fig. 4). In contrast to the
water column samples, in sediments, several probes of
both a- and b-Proteobacteria had increasing signal inten-
sities from CB1 to CB3.

Of the cultivated d-Proteobacterial sequences, Des-
ulfovibrio africanus, D. vulgaris and Desulfomicrobium
baculatum probes detected target in most of the samples,
with highest intensity for the D. vulgaris probe from CB1
sediments. Desulfovibrio gigas, Desulfovibrio salexigens
and Geobacter metallireducens probes had signal from
most samples. Of sequences for known cultivated Firmi-
cutes, the probe for Bacillus megaterium detected target

Fig. 4. Microarray data from the Chesapeake Bay stations CB1 (North Bay), CB2 (Mid-Bay) and CB3 (South Bay) with all nifH probes
included. Normalized fluorescence (F) are shown from the surface and deep samples (April and October 2002) and sediments (April 2001)
from each station. The probes are organized according to their phylogenetic relationships, assigned based on known affiliations (cultivated
organisms) or how they group in the nifH phylogenetic tree (uncultivated organisms from the environment, protein tree) (see Table S1). a,
a-Proteobacteria; b, b-Proteobacteria; g, g-Proteobacteria; d, d-Proteobacteria; e, e-Proteobacteria; C1, Cluster 1; C2, Cluster 2; C3, Cluster 3;
Cya, Cyanobacteria; F, Firmicutes; S, Spirochaeta; u, undetermined.
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at CB104S and CB110S, and CB2 and CB3 sediments. Of
known cultivated g-Proteobacteria, Azotobacter vinelandii
was detected at all stations, with highest intensities in
deep water and sediments at CB2 (April) and CB3
(October). For many g-Proteobacterial probes there was a
decrease in signal intensities from CB1 to CB3 in the
surface water and an opposite trend in the sediments. No
signal was detected from any nifH probes for the nifH
Cluster 2 or Archaeal sequences from any of the samples.

Multidimensional scaling (MDS) was used to compare
the microbial fingerprint pattern for probes related by less
than 90% identity (see Experimental procedures). The data
were analysed in two sets to improve stress values: (i) all
samples except sediment at CB1 (Fig. 6A) (stress = 0.08)
and (ii) water column samples from CB1 and all sediment
samples (stress = 0.004) (Fig. 6B). The surface communi-
ties at CB104S and CB110S had the greatest distance from
other stations. CB104D and CB110D grouped closely
together along the same dimensional axis (Fig. 6A). The
rest of the samples positioned almost perpendicular to this
axis. Deep water samples from CB3 and CB2 positioned in
the vicinity of the sediment from CB2 while sediment
samples from CB1 and CB3 were more distinct (Fig. 6A
and B). Surface nifH assemblages at CB2 and CB3 in
October were similar, as well as were the CB2 deep water
assemblages in April and October (CB204D, CB210D). A
linear regression was carried out for water column water

chemistry data and MDS Dimensions from an MDS analy-
sis restricted to water column samples (stress = 0.1). The
MDS plot was similar to that shown in Fig. 6A (except that
it didn’t include the sediment samples). Multidimensional
scaling Dimension 1 had a significant relationship with
NH4

+ (R2 = 0.663, P = 0.001), NO3
– (R2 = 0.776,

P = 0.000), TDN (R2 = 0.771, P = 0.000) and salinity
(R2 = 0.743, P = 0.000). Dimension 2 had a significant
relationship with dissolved organic carbon (DOC)
(R2 = 0.362, P = 0.038) and dissolved organic phosphorus
(DOP) (R2 = 0.472, P = 0.014).

The sampling station groupings based on water chem-
istry had similarities with the bacterioplankton community
composition based on the MDS analysis. Water chemistry
in the surface and deep water samples at CB1 in April
were distinct from the other stations, and a comparison of
bacterial community compositions also placed these
samples outside of the main cluster of stations (Figs 2 and
6). However, diazotroph assemblages at CB1 in October
were closely related to assemblages at CB1 in April, while
water chemistries in these two samples were quite differ-
ent (Figs 2 and 6, Table S2).

Discussion

Water column or sediment bacterial community structure
and the bulk physiological responses in freshwaters and

Cluster 3

Cluster 1

Cyanobacteria

DQ821942

Fig. 5. Phylogenetic tree of the sequences that were used to design probes with the highest signal intensities. The tree was constructed using
a translated 273 base long DNA sequence. The stations at which the probe was among the five highest signals are indicated using
abbreviations as follows: Station CB1 April surface, 104S; Station CB2 October deep, 210D; Station CB1 sediment, CB1sed, etc. The sites
and depths where CB probe sequences originate are in bold. The tree was constructed with the neighbour-joining method and Kimura
correction. Additional sequences are included that were not among the highest probe signals.
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estuaries at times have a significant relationship to the
availability of dissolved organic matter (DOM), phospho-
rus and NO3

– (Fisher et al., 2000; Lindström, 2000; Smith
and Kemp, 2003; Gao et al., 2005). Prior studies have
shown that under conditions where DOM and NO3

–

concentrations were low, a-Proteobacteria dominated,
while b- and g-Proteobacteria dominated when these re-
sources were abundant. Other studies have shown that
a-Proteobacteria dominate estuarine and oceanic bacte-
rioplankton while b-Proteobacteria and Actinobacteria are
more abundant in lakes and in the freshwater end of
estuaries (Cottrell and Kirchman, 2000). Proteobacteria,
Bacteroidetes and Actinobacteria are all common in
estuarine bacterioplankton (Crump et al., 2004). Based
on FISH using 16S, Archaea and g-Proteobacteria each
formed < 10% of the bacterioplankton in the Delaware
estuary, while the most abundant groups of Bacteria were
a- and b-Proteobacteria, Actinobacteria and Cytophaga-
like bacteria (Kirchman et al., 2005). Large phylogenetic

groups based on 16S rRNA gene diversity incorporate
functional diversity that cannot be revealed by 16S rRNA
alone, and the changes within these groups cannot be
visualized if abundances in only broad phylogenetic
groups are being investigated (Fuhrman, 2002). As differ-
ent functional genes are studied, eventually it will be pos-
sible to conclude whether the patterns observed for 16S
rRNA genes hold for the different functional groups, and to
determine the environmental factors and interactions that
might be ecologically and evolutionarily important in
determining the distribution and community composition
of microbial groups whose metabolism is important to
specific ecosystem processes.

Spatio-temporal distributions

Our nifH fingerprinting analysis is somewhat congruent
with earlier findings of aquatic bacterioplankton based
on 16S rRNA surveys but the differences we observed
and the environmental data may provide insights into
environmental regulation of the subset of the total micro-
bial assemblage that is involved in N2 fixation. Several
a-, b- and g-Proteobacterial probes had higher signal
intensities in water column samples from the most fresh-
water station CB1 than at the other stations. However,
opposite trends were found in sediments. The total
numbers of a-, b- and g-Proteobacterial probes were not
significantly different among stations. The number of
probes detecting target was highest in Cluster 3 com-
pared with the other phylogenetic groups; however, the
number of probes included in the array in this group was
also the highest, due to the high diversity and the deep
nifH branches in this group. In contrast, the array signals
were generally the highest in Cluster 1 sequences.
Bearing in mind the potential for PCR biases (however,
triplicate PCR reactions were pooled to provide a more
representative sample), these data suggested that the
richness of Cluster 3 sequences were the highest, but
that Cluster 1 taxa were the most abundant. Cluster 1
includes a-, b- and g-Proteobacteria, all known to be
important components of estuarine bacterioplankton
(e.g. Crump et al., 2004). This study demonstrated that
many of these bacteria throughout Chesapeake Bay
also harbour the nifH gene. Signal from Cluster 3
sequences dominated the northernmost site sediments,
and formed a smaller component at CB2 where the most
intense annual summertime anoxia and hypoxia events
occur (Fig. 4). In contrast, all sequences from a prior
nifH sequencing study from the CB2 sediments fell
in Cluster 3 (Burns et al., 2002). However, the sample
collection included July, which coincides with anoxia in
this region, and might have promoted presence of
sequences from Cluster 3, that includes many anaer-
obes (Zehr et al., 2003). It is possible that the diazotroph

Fig. 6. Multidimensional scaling analysis of microarray data when
only probes < 90% identity are included. Distances in the two
figures are not in the same scale.
A. Other sampling stations except sediment from CB1.
Stress = 0.08.
B. CB1 water column and all sediment samples. Stress = 0.004.
The labels read as follows: Station CB1 April surface, 104S; Station
CB2 October deep, 210D; Station CB1 sediment, 1Sed, etc.
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community undergoes seasonal changes that were not
captured with the spring and fall sampling in this study.

Cyanobacterial probes never detected target in the
sediments, and only rarely in the water column. The
data from October suggest the presence of a non-
heterocystous cyanobacterium at CB2 and CB3 closely
related to a previously sequenced cyanobacterium from
the Neuse River Estuary. All microbial mat sequences
that detected target at CB3 in October also clustered
with non-heterocystous and heterocystous filamentous
cyanobacteria. Oceanic cyanobacterial probes detected
group A sequences (Zehr et al., 2001) in the polyhaline
region of the system, observed in the Chesapeake in a
prior study (Short and Zehr, 2007).

Multidimensional scaling analysis can be used as a tool
to visualize differences (distances) among sampling sites
incorporating complex spatio-temporal data such as
bacterioplankton diversity. Previously MDS proved useful
in characterizing temporal changes in bacterioplankton
diversity, based on presence/absence and on 16S rRNA
gene diversity using DGGE (Lindström, 2000; Kan et al.,
2006) or 16S-23S ITS with ARISA fragment analysis
(Yannarell et al., 2003; Kent et al., 2004). The MDS analy-
sis was applied here to microarray fingerprints. The data
revealed several patterns in the diazotroph distributions in
the system. First, the water column diazotroph assem-
blage in the northernmost, freshest station CB1 was
divergent from the other stations and all sediment commu-
nities, mirroring the data from diversity analysis. In addi-
tion, surface and deep communities were separated into
different clusters from this site. Deep water communities at
CB2 and CB3 were more similar to the sediment commu-
nity at CB2 than communities at other sites, suggesting
resuspension plays a role shaping community composi-
tion. In contrast, at CB1 and CB3 the sediment communi-
ties were relatively distinct from the deep and surface water
communities. Overall the deep water diazotroph commu-
nities were more stable during the two sampling dates than
the surface water communities at each site. Taken
together, the data suggest unique nifH sequences origi-
nate from both sediment and water column bacterial
assemblages, but the similarities of these assemblages
suggest sediments (especially at CB2) serve as inocula to
many of the sequences found in the water column.

Similar large spatial differences in diversity were previ-
ously found for b-Proteobacterial amoA genes encoding for
the ammonia monooxygenase (Francis et al., 2003) in
Chesapeake Bay sediment samples that were subsamples
from the same sediment cores investigated in this study.
Diversity of amoA was also highest at the oligohaline
station CB1, and amoA communities at CB2 and CB3 were
more similar to each other than to the community at CB1.
Salinity was the most important variable associated with
amoA community composition, while ammonium concen-

tration was second most important but explained only a
minor component of the variability. A high diversity of both
nifH and amoA sequences with many sequences unique to
the system has been reported from the Chesapeake Bay
(Francis et al., 2003; Jenkins et al., 2004). These observa-
tions, along with the observations of spatially distinct dis-
tributions of nifH sequences in this study, suggest marine
or estuarine specialists may exist among these unique
Chesapeake Bay bacterial functional groups.

Environmental controls

Paradoxically, the highest nifH richness was found at CB1
that receives the largest N inputs from any of the stations.
Much of the N load to CB1 comes in the form of NO3

–, which
is not always inhibitory to N2 fixation (Zehr et al., 2003),
sedimentary source for NH4

+ is minimal due to absence of
anoxia at this station, and high allochthonous organic
matter load at this station has a low N content (Cowan and
Boynton, 1996). However, nitrogen fixation was not mea-
surable in surface and bottom waters at CB1, CB2 and CB3
in April and October, 2001 (T.M. Kana, unpublished).
Station CB1 has lower salinity and productivity than the
other stations, and it is well mixed. Potentially some of the
community members were of freshwater origin and thrive
at low salinities. Although salinity was low in April, it was
relatively high in October and yet the diazotroph assem-
blages were very similar. Therefore, salinity tolerance over
this range did not appear to be a significant determinant of
diazotroph community composition at CB1. Salinity did
have a significant relationship with MDS Dimension 1,
suggesting it played a role in the overall data set. Distinct
but temporally stable surface and deep water communities
at CB1 were observed. The diazotroph assemblages clus-
tered together at CB1 in April and October, yet April and
October water chemistries differed.

Dissolved inorganic nitrogen (NH4
+, NO3

–, TDN) and
salinity correlated with the diazotrophic bacterioplankton
community (MDS Dimension 1), and these parameters
were also part of PCA1. These factors appear to drive
some of the differences between CB1 and the other two
stations. However, they don’t entirely explain the differ-
ence between surface and deep water communities at
CB1. DOC and DOP concentration also had a significant
relationship with the diazotroph community. The nature of
the organic matter and loading rates are some of the most
significant differences between CB1 and the other two
stations, and have been suggested to be the major drivers
of variability in sediment-water nutrient exchange and net
heterotrophy/autotrophy in the estuary (Cowan and
Boynton, 1996; Kemp et al., 1997). It could be that the
nature of organic matter also plays a role in structuring the
sediment and water column diazotroph communities
along the estuarine gradient in the Chesapeake Bay.
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Estuaries typically experience high allochthonous inputs
that often lead to spatial gradients in net ecosystem
metabolism. In the Chesapeake Bay there is a spatial
gradient in the ratio of allochthonous to autochthonous
organic matter. The northernmost part of the Bay receives
a large proportion of the organic matter from the Susque-
hanna River as allochthonous inputs and is net het-
erotrophic while the lower parts of the Bay are considered
autotrophic, suggesting autochthonous production of
organic matter is more important (Kemp et al., 1997; Smith
and Kemp, 2003). Unlike the neighbouring Delaware
estuary which has a single main freshwater source and is
well mixed, Chesapeake Bay has eight major freshwater
sources and the water column in the Mid- and South Bay
stratifies in the summer, leading to anoxia in the mesoha-
line region of the Bay (Cowan and Boynton, 1996; Hagy
et al., 2004). The observed gradients in microbial commu-
nities may be partially linked with frequency of anoxia due
to variability in hydrogen sulfide tolerance and oxygen
requirements in individual microbial taxa. Due to their
inhibitory effects on nitrification and occurrence of phos-
phate release under anoxic conditions, anoxia and
hypoxia that have increased in the Chesapeake Bay
mesohaline region over the past five decades (Hagy et al.,
2004) appear to have led to reduced denitrification rates,
trapping more N in the system and enhancing eutrophica-
tion (Kemp et al., 1990). How these changes in availability
of major nutrients and organic matter along the estuary
affect the diazotroph community composition is not known.

The North Bay station experiences highest disturbance
rates with greatest seasonal changes in nutrients, and
frequent variability in salinity, potentially promoting higher
richness. Variability in types and availability of DOM along
the estuarine gradient likely plays a role in shaping
the diazotroph community composition. Bacterivory is
another factor that may differentially change community
composition along the estuary. Explanation of observed
trends in functional gene communities in estuaries is com-
plicated by the fact that in parallel with the anthropogenic
and climatic influences there is a shift from freshwater to
marine environment, all of these factors simultaneously
affecting selection and survival.

A high nifH diversity (Jenkins et al., 2004) in an N
enriched estuary such as Chesapeake Bay appears to be
a paradox. Further, in spite of the high sequence diversity
in DNA, only few of the sequences are expressed (Short
and Zehr, 2007). Elucidating reasons for this paradox may
result in reassessment of the paradigm of controls of
global distributions of diazotrophs.

Microarray as a fingerprinting method

Functional gene microarray data from environmental
samples are highly informative in observing dissimilarities

and similarities among communities when used as a com-
munity fingerprinting method. Cross-hybridization can
occur among closely related probes in microarray experi-
ments and can result in targets hybridizing to multiple
probes in some cases. Cross-hybridization is not entirely
predictable based on probe characteristics, and the
number of mismatches between two sequences is not an
absolute measure of cross-hybridization. By analysing
array probes with < 90% probe sequence identity, we are
largely not considering cross-hybridization effects in our
analysis. Among probes with < 90% identity, cross-
hybridization signal should significantly affect the results
only if a target has a very high abundance (Moisander
et al., 2006). Microarray signal intensity has a positive and
generally linear relationship with both target identity and
target abundance. It is therefore an improvement on clone
library data analysis that does not accurately estimate
relative abundances of bacteria in different groups
(Suzuki and Giovannoni, 1996; Cottrell and Kirchman,
2000) and requires large data sets from diverse
environments. The microarrays comprehensively com-
pare the same sequence types between samples and the
data accurately reflect the phylogenetic relationships of
functional genes amplified from environmental samples.
Although this approach is based on PCR amplification, it
eliminates cloning biases and sequencing errors and
need for sequencing to rarefaction.

Experimental procedures

A total of 706 probes targeting the nifH gene in known culti-
vated organisms and environmental clones were included in
the microarray (Table S1). The majority of the probes
represented sequences previously deposited in GenBank,
and others were designed for an additional 72 sequences
and submitted to GenBank. The origin of sequences and
GenBank accession numbers for probes used in the analysis
in this study are shown in Table S1. A total of 132 of the
probes target sequences that originate from the Chesapeake
Bay and Choptank River, a major tributary to the Bay. These
probes were selected from a clone library generated during a
prior study (Jenkins et al., 2004). The probe region is the
same for all nifH sequences included on the array and is
immediately downstream from the inner forward nifH PCR
primer used in target amplification (nifH1) (Zehr and Turner,
2001). This design retains broad phylogenetic relationships
based on amino acid sequences in the amplified 321 bp nifH
region, typically included in the nifH phylogenetic analysis
(Moisander et al., 2006). All nifH sequences were in an ARB

(Ludwig et al., 2004) (http://www.arb-home.de) database and
their protein sequences were aligned using a nifH PFAM seed
alignment (Bateman et al., 2002) and HMMER software (http://
hmmer.janelia.org). Phylogenetic trees of the 706 nifH probes
were constructed using the neighbour-joining method for the
amino acid sequence of the amplified approximately 321 bp
nifH region (not shown). Based on known affiliations (for
cultured probe organisms) or these trees (uncultivated envi-
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ronmental sequences) each probe was assigned a phyloge-
netic affiliation to a-, b-, g-, d- or e-Proteobacteria, Archaea,
Firmicutes, Cyanobacteria, Spirochaeta, Nitrospira, or more
broadly to Cluster 1, Cluster 2 or Cluster 3, based on group-
ings in Zehr and colleagues (2003) (Table S1). Note that
Cluster 1 includes other Proteobacteria except e- and
d-groups, and Cyanobacteria. Cluster 3 has many anaer-
obes, including d-Proteobacteria, and Firmicutes and
typically has deeper branch lengths than Cluster 1. Ten envi-
ronmental probe sequences did not clearly fall under any of
these groups or clusters, and their phylogenetic affiliations
were left undetermined (Table S1). Additionally, 56 mismatch
probes were included for array performance tests and
are discussed in another study (P.H. Moisander, A.E. Morri-
son and J.P. Zehr, unpublished). Six probes were included
that target human genes and were used as positive and
negative controls (see below).

Sense strand 60-mer oligonucleotide probes, acrydite-
modified at the 5′ end (Integrated DNA Technologies, Iowa
City, IA, USA) were printed at a 25 mM concentration in the
Universal EZ rays buffer and 0.005% Sarkosyl (Matrix Tech-
nologies, Hudson, NH, USA) onto EZ rays Universal slides
using a 16-pin set-up in a custom built microarray printer at
the University of California Santa Cruz (UCSC) and Array-
Maker software (Joseph DeRisi, University of California San
Francisco). After spotting, slides were stored at room tem-
perature in the dark. The slides were treated according to the
manufacturer’s instructions (EZ rays universal slide kit, Matrix
Technologies) prior to and after the printing. OliGreen
(Molecular Probes, Eugene, OR, USA) staining in TE buffer
(10 mM Tris-HCl, 1 mM EDTA, pH 7.5) was used in order to
evaluate spot quality. The array was stained for 45 min under
a coverslip, rinsed twice with TE buffer for 10 s, then dried in
a filtered air stream, and scanned at 532 nm with a GenePix
4000B scanner (Axon Instruments, Sunnyvale, CA, USA).
The temperature and relative humidity during the print run
averaged 23–25°C and 27–32% respectively. Each nifH
probe was printed five times on each slide (resulting in a total
of 3530 nifH features in each slide). On each array slide, each
of the six control probes were printed 64 times, and 384
additional features had buffer only. Therefore the total
number of features on each slide was 4298. Due to subopti-
mal humidity the printing quality was reduced towards the
end of the run, and only the first two spots (first two 384 well
plates) printed for each of the nifH probes were included in
the analysis; these produced consistent results in hybridiza-
tions (see below). Each hybridization experiment was run on
duplicate microarray slides, and the resulting data from four
spots total for each probe were averaged.

Environmental samples were collected at three sites in the
Chesapeake Bay onboard R/V Cape Henlopen (Fig. 1).
During 4–6 April and 2–4 October, 2002, water samples were
collected at 1 m (surface) and close to the bottom (deep) at
North Bay (CB1), Mid-Bay (CB2) and South Bay (CB3)
(Fig. 1). The samples were named as follows: station CB1
April 1 surface, CB104S; station CB2 April deep, CB204D;
station CB1 October surface, CB110S, etc. The deep sample
was taken from 8 to 10 m depth at CB1, 13–19 m depth at
CB2, and 9–10 m depth at CB3. Particulate material was
collected on 0.22 mm pore size Sterivex (Millipore, Billerica,
MA, USA) capsules using a peristaltic pump. The volume

filtered varied between 390 ml and 1.7 l depending on the
turbidity of the sample. Residual water was evacuated from
the capsule by applying air pressure with a syringe. Sediment
samples were collected using a box corer at the same sites in
April 2001. The sediment water interface of the box core was
sampled with cut-off plastic syringes. The 1–2 cm of mud was
extruded into cryovials and immediately frozen in liquid nitro-
gen. Filter capsules and sediment subcores were placed in
liquid nitrogen, shipped on dry ice to the UCSC and stored at
-80°C prior to analysis. Various water chemistry parameters
were additionally investigated and CTD profiles for tempera-
ture and salinity were recorded as part of a multi-investigator
Biocomplexity project (http://snow.tamu.edu) (Table S2).

DNA from water samples was extracted using a xanthoge-
nate method (Tillett and Neilan, 2000) with modifications as
described earlier (Short et al., 2004). DNA from sediment
cores was extracted using the MO Bio Power Soil kit (Carls-
bad, CA, USA). Approximately 250 mg sediment from each
sample was processed according to the manufacturer’s pro-
tocol, with the exception that the initial 10 min vortexing step
was replaced by a 5 min bead beating step (Mini Bead
Beater-96, BioSpec, Bartlesville, OK, USA).

Target was amplified from DNA using nested nifH PCR
(Zehr and Turner, 2001). For the first nested reaction, final
concentrations of 4 mM MgCl2, 200 mM dNTPs (each nucle-
otide), 1 mM primers nifH3 (reverse) and nifH4 (forward), and
2.5 U Taq Polymerase (Promega, Madison, WI, USA) were
included in the reactions with the final volume adjusted to
50 ml with 5 kDa filtered nuclease free water. Amplification on
the first round was carried out using 2 min at 94°C initial
denaturation, then 25 cycles with 30 s at 94°C, 30 s at 57°C
and 1 min at 72°C, with final extension at 72°C for 7 min. Two
microlitres from the first round reaction was used as a tem-
plate in the second round nested reaction. The PCR mix and
conditions in the first and second round reactions were iden-
tical, except the inner nested primers nifH1 (forward) and
nifH2 (reverse) (Zehr and Turner, 2001) were used in the
second round reaction and the reaction was run for 30 cycles.
Triplicate PCR reactions were carried out for the environmen-
tal samples and pooled after each nested reaction. The PCR
products were separated on a 1.2% TAE agarose electro-
phoresis gel, and bands were then excised and purified using
the Qiagen (Valencia, CA, USA) gel purification kit. The puri-
fied PCR products were used as targets in the microarray
hybridizations.

Target PCR product was quantified using the PicoGreen
assay (Molecular Probes, Eugene, OR, USA), and adjusted
to 5 ng ml-1 prior to biotinylation. Biotinylation was carried out
using a BrightStar® biotinylation kit (Ambion, Austin, TX,
USA). Ten microlitres of PCR product, 5 ml of positive control
PCR mix and 5 ml of TE buffer were combined. The control
mix consisted of targets for human diaphorase NAD(P)H
(GenBank accession BC007659) at 10 ng ml-1 and a human
centromere protein (BC008972) at 15 ng ml-1 (controls 1 and
2 respectively). The probes for these and four negative
control genes were designed as described earlier (Moisander
et al., 2006). The target mix for biotinylation was denatured at
100°C for 12 min and rapidly chilled in a dry ice-ethanol bath.
Two microlitres of psoralen-biotin was added, the sample was
transferred to a flat-bottom microplate, and then kept under
long-wavelength UV light for 1 h to cross-link the psoralen to
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the DNA. Finally, 78 ml of TE was added and the remaining
psoralen-biotin was removed by extracting twice with 200 ml
water-saturated butanol. Biotinylated PCR products were
stored at -20°C. Immediately prior to hybridization, 13.2 ml of
biotinylated target was denatured at 95–97°C for 5 min and
added to 10.8 ml hybridization buffer at 50°C, then applied to
the microarray slide under the coverslip (Lifter Slips, Erie
Scientific, Portsmouth, NH, USA). The hybridization buffer
consisted of 2¥ SSPE (0.02 M phosphate, 0.3 M NaCl,
0.002 M EDTA), 1% SDS (sodium dodecyl sulfate), and 30%
formamide (final concentrations). All samples were hybrid-
ized for 18 h in humidified hybridization chambers, immersed
in a circulating water bath at 50°C. Washing steps and
secondary staining with streptividin-Alexa 555 conjugate
(Molecular Probes, Eugene, OR, USA) were identical to pre-
viously described protocols (Moisander et al., 2006). Each
sample was hybridized to duplicate array slides, with two
spots for each probe on each slide included in the analyses
(total of four spots per probe). Slides were scanned using a
GenePix 4000B microarray scanner at 532 nm and 10 mm
pixel size. Raw fluorescence intensity data were background
corrected and normalized using the positive controls as
described in Moisander and colleagues (2006). Means for
duplicate spots within each array slide were calculated first,
and average intensity from duplicate array slides was used as
a final intensity value in further analyses. Signal that was less
than 7% of the maximum signal in the hybridization was
considered background (Moisander et al., 2006). Coefficient
of variation of the four replicate spots that were higher than
background was generally less than 25%.

Probe sequences submitted to GenBank in this study have
accession numbers DQ821942–DQ822008 and DQ831856–
DQ831860.

Diversity indices

Richness and diversity in the samples were calculated. Rich-
ness in different phylogenetic groups and in the community
as a whole was determined from the number of probes that
detected target. Simpson’s diversity index, Shannon diversity
index, and evenness based on Simpson’s index were calcu-
lated (Begon et al., 1996) using the microarray probes as
indicators of individual taxa. The proportion of signal in
probes that detected target of the total signal in the sample
was used to indicate abundance. The indices were calculated
as follows:

Simpson’s index, ,D Pi= ∑1 2

where Pi is proportion of total hybridization fluorescence
signal in ith probe.

Equitability (evenness) based on Simpson’s index, E = D/S,

where S is the total number of species (richness) in the
community.

Shannon diversity index, H P Pi i= −∑ ln .

Statistical analyses

Multidimensional scaling based on the microarray fingerprints
was used to detect similarities and dissimilarities between

communities detected at different sites and depths. The
analysis was carried out for those probes that had less than
90% identity. A distance matrix was first generated for all 706
probes. Distance matrix was analysed manually, and in all
instances where a value < 0.1 was observed, one of the
probes was removed. The choice of probe removed was
random and not based on signal intensity in any of the
hybridizations. Probes were removed from the distance
matrix until no values < 0.1 were left. After the 90% identity
cut-off the number of probes included was 480 (number of
probes with less than 90% identity).

For the MDS, distance matrix for data values (normalized
hybridization signal intensity) was first calculated using
Euclidean distance (square root of the sum of the squared
differences). Next an MDS map was produced from the
matrix input, and iterations for stress value were stopped
when less than 0.0001 improvement in the stress value was
achieved. Two dimensions produced a stress value of 0.08 or
less when the data were analysed in two sets; (i) for all other
samples except sediment sample from CB1 and (ii) water
column samples from the CB1 and sediment samples only.
Multidimensional scaling plots with stress values < 0.1 are
considered to give good ordinations with little risk for misin-
terpretation (Clarke, 1993; Kan et al., 2006).

Diversity indices (evenness, Simpson’s and Shannon index)
between sampling stations were compared using one-way
ANOVA. Normality and homoscedasticity were met without
transformations (Kolmogorov-Smirnov and Levene tests
respectively). Bonferroni pairwise comparisons were used.

Principal component analysis was carried out in order to
classify sites based on their physical and chemical character-
istics (Table S2). The goal of the PCA is to reduce the variabil-
ity from multiple variables to fewer components and to identify
environmental variables that are associated with variation in
microbial assemblage measures. Components were calcu-
lated using the correlation matrix method. Principal compo-
nent analysis allowed us to investigate how the environmental
conditions at the sampling sites differed and whether these
differences might explain clustering patterns in the N2-fixing
microbial assemblages at these sites (MDS analysis).

Linear regression analysis was carried out for water chem-
istry parameters measured in 2002 (NH4

+, NO3
–, TDN, PC,

PN, PC : PN, dissolved free amino acids, DOC, Chl a, DON,
DOP, salinity) and the MDS Dimensions 1 and 2 (water
column samples only, stress = 0.1). Data were log (1+ value)
transformed if necessary to satisfy normality (NO2

–, PO4
3–,

and urea could not be normalized and were not included). All
statistical analyses were carried out using the SPSS 12.0 for
Windows software (Chicago, IL, USA).
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